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Edited by Ulf-Ingo Flu¨gge and Julian SchroederAbstract Eukaryotic cells are most fascinating because of their
high degree of compartmentation. This is particularly true for
plant cells, due to the presence of chloroplasts, photosynthetic
organelles of endosymbiotic origin that can be traced back to a
single cyanobacterial ancestor. Plastids are major hubs in the
metabolic network of plant cells, their metabolism being heavily
intertwined with that of the cytosol and of other organelles. Solute
transport across the plastid envelope by metabolite transporters is
key to integrating plastid metabolism with that of other cellular
compartments. Here, we review the advances in understanding
metabolite transport across the plastid envelope membrane.
 2007 Federation of European Biochemical Societies. Published
by Elsevier B.V. All rights reserved.
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Chloroplasts are the hallmark organelles of all photoauto-
trophic eukaryotic organisms. The primary plastids of the
Archaeplastida (i.e., Viridiplantae, Rhodophyta, and Glauco-
phyta) are monophyletic [1–3]; that is, they can be traced back
to a single cyanobacterial ancestor that was engulfed by a
primitive mitochondriate protist and subsequently evolved
into the deﬁning organelle of plants approximately 1.5–2 bil-
lion years ago (primary endosymbiosis) [4]. All primary plas-
tids are bounded by two membrane bilayers, the inner and
outer chloroplast envelope membranes. Additional lineages
of chloroplasts evolved by secondary endosymbiosis, in which
either a red or a green alga was captured by a protist and sub-
sequently reduced to a secondary plastid (i.e., a plastid that has
evolved by secondary endosymbiosis from a eukaryotic photo-
synthetic ancestor) [5–7]. Secondary plastids are frequently
enveloped by three to four membranes that separate the pho-
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nary versatile and active cellular compartments, being able
to use solar energy to convert carbon dioxide and water to car-
bohydrates in the process of photosynthesis. In addition to
photosynthesis, a plethora of additional anabolic and catabolic
routes are located inside the chloroplast, ranging from nitro-
gen and sulfur assimilation to fatty acid, amino acid, and
terpenoid biosyntheses, to mention only a few important
pathways [8,9]. Frequently, the precursors, intermediates,
and end products of plastid-localized metabolic pathways are
imported from or exported to the surrounding cytosol, thus
requiring massive traﬃc of small molecules across the plastid
envelope membrane [10]. While the outer envelope membrane
of primary plastids has the characteristics of a wide-meshed
molecular sieve due to the presence of substrate-speciﬁc and
general porins [11–13], the inner envelope membrane repre-
sents the actual permeability barrier between plastid stroma
and surrounding cytosol [14,15]. Metabolite traﬃc across the
inner envelope membrane is catalyzed by highly speciﬁc
metabolite transporters that frequently act as antiporters,
exchanging a substrate on the cis-side of the envelope mem-
brane for a counter-exchange substrate on the trans-side of
the membrane [14,16]. This mode of transport is ideally suited
to connect metabolic pathways in distinct cellular compart-
ments because withdrawal of a particular metabolite from
one compartment is always coupled to the availability of a
suitable counter-exchange substrate in the other compartment,
thus linking separate subcellular metabolite pools in a con-
trolled and interdependent manner.
Progress with molecular identiﬁcation and characterization
of plastid envelope membrane transporters has been dynamic
over the last two decades. The ﬁrst cDNA encoding a plastid
envelope metabolite transporter (i.e., the triose-phosphate/
phosphate translocator TPT) was cloned in 1989 [17]. Since
then, assisted by the availability of the full genome sequences
of a number of higher plants and photosynthetic protists, pro-
gress in bioinformatics and proteomics, and large scale for-
ward and reverse genetic screens, close to 20 plastid envelope
metabolite transporters have been functionally characterized
with varying degree of detail. However, bioinformatic analysis
of the genomes of Arabidopsis and other plants suggests that
approximately 150 distinct metabolite transporters are tar-
geted to plastids, although many of them might be speciﬁc
for certain plastid subtypes, such as amyloplasts, chromop-
lasts, or etioplasts [18,19]. This ﬁgure likely represents an
underestimate because current computational tools have beenblished by Elsevier B.V. All rights reserved.
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the canonical TIC/TOC protein import pathway and thus do
not reliably predict protein targeting to the chloroplasts by
non-canonical pathways [18], such as vesicular transport
through the secretory pathway [20,21]. Several recent reviews
have summarized the progress in identifying novel chloroplast
metabolite transporters [18,22–25]. We thus focus this review
on the most recent developments and on aspects related to
the evolutionary origin of chloroplast metabolite transporters
and the impact of Systems Biology on identifying novel trans-
porters. Due to space limitations, we will not discuss transport
of inorganic ions such as the import of copper by a recently
identiﬁed ATPase [26].2. Plastids possess redundant and structurally distinct uptake
systems for folates
Tetrahydrofolate (THF) and its derivatives, collectively
termed folates, are essential cofactors for one-carbon transfer
reactions in almost all organisms. Folates are tripartite mole-
cules composed of a pterin moiety, a p-aminobenzoate moiety
(pABA), and a glutamate chain of variable length (1–8) [27].
The cellular folate pool is represented by a complex mixture
of related molecules, which diﬀer in the oxidation state of
the C1 unit and in the number of glutamate residues. These
folate species supply C1 units for several pathways, e.g. for
the biosynthesis of purines, pantothenate (vitamin B5) and for-
myl-methionine-tRNA, the conversion of dUMP to dTMP
and, quantitatively most important, for the transformation
of homocysteine (Hcy) to methionine which is then used for
the synthesis of the universal methyl donor S-adenosyl-L-
methionine (SAM, see below) [27,28]. In plants, folates are also
involved in photorespiration.
Plants and most microorganisms synthesize folates de novo
while higher animals do not and need a dietary supply. Folate
biosynthesis in plants shows a unique and complex compart-
mentation involving four diﬀerent compartments, namely the
cytosol, plastids, vacuole, and mitochondria (Fig. 1). pABA
is formed from chorismate in plastids [29] while the pteridine
is synthesized in the cytosol from GTP. Both are then im-
ported into mitochondria where they are coupled together
and glutamylated to yield folates. The monoglutamate form
can be exported to the cytosol and taken up by plastids. All
three compartments contain folylpolyglutamate synthases that
add further glutamate residues to folates. This glutamylation is
essential to retain folates in a particular compartment because
most folate carriers transport only monoglutamates [30].
A number of astonishingly diverse folate transporters have
been characterized in recent years. While most of the bacteria
are not able to transport folates across their plasmamembrane,
mammalian cells import folates by two diﬀerent carriers, the
reduced folate carrier and folate receptors, the latter mediating
entry via endocytosis [31,32]. Mammalian cells possess in addi-
tion folate eﬄux pumps of the ATP binding cassette family
and a protein from the mitochondrial carrier family (MCF)
mediating import of folates into mitochondria [33]. The try-
panosomatid Leishmania, a parasitic protist, possesses a small
family of three proteins (FBT) belonging to the major facilita-
tor superfamily. One protein is a biopterin transporter
while the two others represent folate transporters (FT1, FT5)
[34].Only very recently, the ﬁrst folate carriers from plants have
been described. Hanson and coworkers [30] detected homologs
of the Leishmania FT transporters in cyanobacteria and plants.
While cyanobacteria only possess one FT like protein, the Ara-
bidopsis genome encodes a family of nine FT-like proteins. By
complementation of a E. coli mutant which is auxotrophic for
pABA with the Synechocystis gene slr0642 and its closest Ara-
bidopsis homolog At2g32040, the authors showed that both
proteins transport the monoglutamyl form of folate (and also
antifolates like methotrexate, which is a close structural ana-
log) but do not transport the triglutamate form. The
At2g32040 gene product has a N-terminal extension compared
to its cyanobacterial counterpart, which targets the protein to
plastids. Thus, this plastidic folate transporter might represent
the ﬁrst functionally characterized example of a metabolite
transporter of the inner envelope membrane of plastids that
has likely evolved from a gene that was transferred from the
genome of the cyanobacterial endosymbiont.
A second distinct class of plant folate transporters was de-
scribed by Bedhomme et al. [35]. The protein encoded by
At5g66830 (AtFOLT1) is a member of the large mitochondrial
carrier family (MCF) in Arabidopsis [36] and is the closest
homolog to the human mitochondrial folate transporter [33].
By functional complementation of the glycine auxotroph Chi-
nese hamster ovary (CHO) cell line glyB and also E. coli cells it
could be shown that this protein indeed transports folic acid.
Although the protein does not have a clearly deﬁned N-termi-
nal targeting sequence, a GFP fusion protein is targeted to
chloroplasts in vivo. Thus, AtFOLT1 represents a second folate
transporter, which might have evolved from mitochondrial
proteins of the host cell.
Null mutants lacking one of the two plastidic folate trans-
porters did not diﬀer signiﬁcantly from wild type plants in
terms of growth rates, morphology, leaf color, photosynthesis,
and folate levels in chloroplasts, indicating that the absence of
one carrier can be compensated by the second [30,35]. How-
ever, it could not be excluded that additional plastidic folate
transporters exist.3. The plastidic S-adenosyl-L-methionine/S-adenosyl-
homocysteine antiporter SAMT1 belongs to the mitochondrial
carrier family
The biosynthesis of SAM is restricted to the cytosol of plant
cells [37]. However, SAM is required for a multitude of biosyn-
thetic reactions as methyl-group donor in plastids and in mito-
chondria. Hence, SAM needs to be imported from the cytosol
and the trans-methylation reaction product S-adenosylhomo-
cysteine (SAHC) needs to be exported from the organelle to
the cytosol to be regenerated to SAM (Fig. 1). The Arabidop-
sis gene At4g39460 was recently shown to encode a plastidic
SAM/SAHC antiporter and was assigned the acronym
SAMT1 [38]. SAMT1 belongs to the MCF but carries a plas-
tid-targeting signal and was shown by GFP-fusion and immu-
nological analysis to be localized in plastids, conﬁrming earlier
proteomic studies that demonstrated the presence of SAMT1
in the chloroplast envelope membrane [39]. Recombinant
SAMT1 was produced in yeast and, after reconstitution into
liposomes, shown to catalyze the counter-exchange of SAM
with SAHC. Virus-induced gene silencing in tobacco and
knockout of the gene in Arabidopsis caused severe growth
Fig. 1. Compartmentation of folate and SAM metabolism. DHP, dihydropteroate; E4P, erythrose-4-phosphate; HC, homocysteine; HMDPH,
hydromethyldihydropterin; Met, methionine; pABA, para-aminobenzoate; PEP, phosphoenolpyruvate; SAHC, S-adenosylhomocysteine; SAM, S-
adenosylmethionine; THF, tetrahydrofolate.
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prenyllipid and chlorophyll biosynthetic pathways. However,
although knockout plants displayed a severe phenotype, they
were viable and fertile, indicating additional routes for SAM
import into chloroplasts [38]. The Arabidopsis genome en-
codes a close homolog (At1g34065) of SAMT1 that, although
expressed only at very low levels [40], might provide a redun-
dant pathway for SAM transport into plastids. However, in
contrast to SAMT1, At1g34065 is not predicted to carry a
plastid-targeting signal. Surprisingly, a recent study by
Palmieri’s group found that AtSAMT1, when fused to the
green-ﬂuorescent protein GFP, was exclusively targeted to
mitochondria in transiently transformed Arabidopsis protop-
lasts [40]. In contrast to the study by Bouvier et al. who fused
the ﬁrst 80 N-terminal amino acids of SAMT1 to GFP and
found exclusively chloroplast localization using this construct
[38], Palmieri’s group fused GFP to the C-terminus of the
full-length protein and detected mitochondrial localization.While the diﬀerent experimental strategies employed might ex-
plain the contradictory results obtained, further studies are re-
quired to unequivocally demonstrate that AtSAMT1 is dual-
targeted to both mitochondria and plastids.4. Structurally and functionally distinct plastidic adenine
nucleotide transporters
ATP represents the universal energy currency of all living
cells. Mitochondria export ATP generated by oxidative phos-
phorylation in strict counter exchange with ADP via ADP/
ATP carriers (AAC) that belong to the MCF [41]. An ATP
transport activity has been shown also in chloroplasts [42]
and non-green plastids [43] which is mediated by a particular
family of plastidic nucleotide transporters (NTT) [44] that do
not belong to the MCF. NTTs can be found in all higher
plants and algae and are of monophyletic origin albeit the
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possesses two NTTs (AtNTT1, AtNTT2), which exhibit very
similar transport properties but show diﬀerent expression pat-
terns with AtNTT2 being almost ubiquitiously expressed while
AtNTT1 represents a sugar induced gene [46]. Extensive anal-
ysis of NTT-antisense, RNAi and knockout plants revealed
that the NTTs, especially NTT2, supply non-green plastids
with ATP for several anabolic pathways. These transporters
exert signiﬁcant control on starch synthesis in amyloplasts of
potato tubers and on lipid biosynthesis in developing Arabid-
opsis seeds [46–48]. However, starch and lipid accumulation is
not totally abolished in these plants indicating additional ATP
supply by other mechanisms, e.g. ATP regeneration by sub-
strate-level phosphorylation during conversion of
phosphoenolpyruvate to pyruvate [10,49].
In contrast, almost nothing is known about the function of
NTTs in chloroplasts. Because the ATP transport activity in
these organelles is very low (one percent of the activity of
the TPT) it has been proposed that the function of NTTs is
to energize unknown processes in the stroma during the night
rather than to transport ATP during photosynthesis [42]. Only
very recently, analysis of Arabidopsis lines lacking both NTTs
shed some light on the physiological function of these trans-
porters in chloroplasts [50]. These mutants were indistinguish-
able from wild type plants when grown under long day
conditions or under short day conditions at high light intensi-
ties but showed a dwarf phenotype with leaf necrotic lesions
under short day conditions at low light intensities. This pheno-
type is caused by photooxidation due to the accumulation of
protoporphyrin IX (Proto IX), which induces the production
of ROS (reactive oxygen species). The increased Proto IX lev-
els are most likely due to a reduced activity of Mg-chelatase,
which requires ATP for catalysis and also for stabilization of
the holoenzyme [51]. Thus, a main function of chloroplastidic
NTTs might be the supply of ATP for Mg-chelatase assembly
under conditions when glycolytic ATP production in the stro-
ma in the dark is restricted due to limited photosynthesis and
starch synthesis in the light.
Plastids of dicotyledonous plants possess a second nucleotide
transporter, which is diﬀerent to NTTs with respect to trans-
port mechanism and evolution [52]. This protein shows high
similarity to the Brittle1 protein (BT1) from plastids of cereal
endosperm, which are members of the MCF. BT1 imports
ADP-Glc synthesized in the cytosol into plastids where it serves
as substrate for starch biosynthesis [53,54]. In strict counter ex-
change, AMP is released from the plastids. In dicotyledonous
plants, ADP-Glc synthesis is exclusively localized in plastids
indicating a diﬀerent physiological role of the BT1 proteins
[55,56]. In these plants, the BT1-related protein does not trans-
port ADP-Glc but serves as a uniporter providing the cytosol
and other compartments with adenine nucleotides (AMP,
ADP, ATP) synthesized in plastids [52]. Thus, these transport-
ers not only have diﬀerent substrate speciﬁcities but also show
diﬀerent transport mechanisms (uniport versus antiport).5. Plastidic dicarboxylate transporters are involved in
photorespiration and primary nitrogen assimilation
The plastid-localized GS/GOGAT enzyme system is essen-
tial for the re-assimilation of ammonia that is produced by
the mitochondrial glycine decarboxylase complex during theoxidative C2-cycle, also known as photorespiration [57,58].
In addition, de novo biosynthesis of glutamate from 2-oxoglu-
tarate and ammonia by GS/GOGAT is also restricted to the
chloroplasts. Hence, both the photorespiratory nitrogen cycle
and de novo glutamate biosynthesis require the uptake of 2-
oxoglutarate into and the export of glutamate from chloro-
plasts [9]. Uptake of 2-oxoglutarate and export of glutamate
is catalyzed by a two-translocator system consisting of an 2-
oxoglutarate/malate antiporter (DiT1) and a glutamate/malate
antiporter (DiT2) [9,59]. The photorespiratory Arabidopsis
mutant dct, which is deﬁcient in chloroplast dicarboxylate
transport [60,61], was recently shown to be defective in the glu-
tamate/malate antiporter DiT2 [62]. Arabidopsis knockout
mutants deﬁcient in the second component of the two-translo-
cator system, the 2-oxoglutarate/malate antiporter DiT1, have
not yet been characterized in detail. However, antisense repres-
sion of DiT1 in tobacco demonstrated that reduced capacity for
uptake of 2-oxoglutarate into chloroplasts was associated with
a photorespiratory phenotype, characterized by massive accu-
mulation of ammonia and bleaching of leaves [63]. The pheno-
type could be rescued by growth of plants at elevated CO2
concentrations that suppress photorespiration [63]. Hence,
both DiT1 and DiT2 are required for eﬃcient re-assimilation
of photorespiratory ammonia [62–64]. Antisense repression of
DiT1 in tobacco also caused massive accumulation of gluta-
mine, whereas the contents of glutamate and most other amino
acids severely decreased, which is consistent with the proposed
function of DiT1 in supplying de novo glutamate biosynthesis in
the chloroplast with 2-oxoglutarate from the cytosol [63]. Sur-
prisingly, in DiT1-antisense plants, the steady state transcript
levels and enzymatic activity of nitrate reductase (NR) were in-
creased several-fold, whereas the in vivo rate of nitrate reduc-
tion was only a fraction of that observed in the wild type. It
was proposed that accumulation of 2-oxoglutarate in the cyto-
sol, caused by upregulation of its biosynthesis and decreased
import into chloroplasts, resulted in competitive inhibition of
the plastidic oxaloacetate/malate shuttle [65], also known as
malate valve [66], that is required for redox export from the
plastid to cytosol [63,67,68]. Alternatively, DiT1 might be di-
rectly involved in catalyzing the exchange of oxaloacetate with
malate [69,70]. Both scenarios would result in decreased export
of redox-power from the chloroplast via the malate valve,
which would eﬀectively shut oﬀ the supply of NADH to NR,
thus causing severe substrate limitation of nitrate reduction
and consequentially a low in vivo rate of nitrate reduction [67].
Plastidic dicarboxylate translocators are not encoded by the
genomes of red algae or diatoms [71–76]. Further, the cur-
rently known red algal nuclear genomes encode only the cyto-
solic isozyme of glutamine synthetase [77], whereas glutamate
synthase is encoded on the plastid genome [78,79] and thus
very likely the gene product is localized in the chloroplast.
Apparently, red algae (and likely also diatoms) have evolved
other means for importing 2-oxoglutarate into chloroplasts
than members of the Chlorophyceae [80].6. Lipid transport between the endoplasmic reticulum and the
chloroplast
In photosynthetic organisms, phosphorus-free galactolipids
represent more than 50% of total polar lipids, with monogalac-
tosyldiacylglycerol (MGDG) and digalactosyldiacylglycerol
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many species, including Arabidopsis, galactolipids are derived
from two diﬀerent pathways, the plastid-localized (prokary-
otic) and the ER-localized (eukaryotic) pathways. In Arabid-
opsis, both pathways contribute almost equally to
galactolipid synthesis [82]. In the prokaryotic pathway, fatty
acids synthesized in plastids are directly incorporated into
lipids while in the eukaryotic pathway fatty acids are transported
to the ER for the synthesis of eukaryotic lipids [81]. A not yet
identiﬁed lipid, most probably phosphatidylcholine and/or
phosphatidic acid (PA) is then transported back to plastids
and converted to diacylglycerol (DAG), which is the precursor
for galactolipid synthesis. Thus, plastidic lipid biosynthesis in-
volves an intensive traﬃc of fatty acids and lipids between
plastids and ER. None of the underlying transport processes
are mechanistically understood, albeit a number of processes
are proposed [83]. Only very recently, analysis of Arabidopsis
mutants revealed ﬁrst insights into these processes. Christoph
Benning’s group characterized two non-allelic mutants, which
accumulated the unusual lipid trigalactosyldiacylglycerol (tgt1,
tgt2) [84–86]. Both mutants had nearly identical phenotypes
showing a reduction in growth and a high number of aborted
seeds. In addition to oligogalactolipids, the mutants accumu-
lated PA and most of the galactolipids were derived from the
prokaryotic pathway. The authors concluded from these data
that the eukaryotic pathway is impaired at the level of PA
and its conversion into DAG.
TGT1 (At1g19800) has been identiﬁed by map-based cloning
and encodes a membrane protein with similarity to the perme-
ase component of a bacterial ABC transporter [84,86]. The
TGT2 protein is encoded by At3g20320 and shows homology
to a bacterial substrate binding protein [85]. In bacteria, both
proteins are part of the same operon indicating that both are
involved in the same process. Bases on these data and because
TGT2 indeed binds PA the authors proposed the following
working model [83]: TGT1 and TGT2, which are both located
in the inner envelope membrane of plastids, are involved in the
transport of PA across this membrane. While TGT2 binds PA
and delivers it to TGT1 the permease transports it into the
plastid. There, PA is converted to DAG by a phosphatase that
is located at the stromal side of the inner envelope membrane.
Although this represents a convincing model, the substrate
speciﬁcity of this transporter has not been determined so far.7. Insights from comparative genomics and phylogenomics
We have recently shown by phylogenetic analysis that plas-
tidic phosphate translocators of all photosynthetic eukaryotes
have evolved from an ancient family of sugar-nucleotide trans-
porters of the endomembrane system that are ubiquitous in
eukaryotes [87]. The three currently known phylogenetic clades
of plastidic phosphate translocators [88] evolved before the
split of red algae and green plants from a common ancestor
[87]. After a red alga gave rise to the secondary plastid of
the ancestor of chromalveolates [89], the gene encoding the
red algal triose-phosphate/phosphate translocator was trans-
ferred from the nuclear genome of the captured red alga to
the host nucleus, were it started radiating again, giving rise
to a novel family of phosphate translocators that is monophy-
letic with respect to red algal triose-phosphate translocators
[87]. In other words – the plastidic phosphate translocatorof, e.g., diatoms, evolved from a red algal ancestor via hori-
zontal gene transfer from a red alga to the nucleus of the
ancestor of diatoms. Hence, the triose-phosphate translocators
from red algae can be considered the proxies for the plastidic
phosphate translocators of a large group of aquatic photosyn-
thetic organisms, including diatoms and dinoﬂagellates. For
the apicomplexan Plasmodium, it was recently shown that radi-
ation of the phosphate translocator family in the chromalveo-
lates is accompanied by acquiring novel targeting signals for
the various layers of the plastid envelope membrane; speciﬁ-
cally, it was shown that one isoform of the translocator is tar-
geted to the outer-most of the four envelope membranes,
whereas the paralogous gene encodes a transporter that is tar-
geted to the inner-most envelope membrane [90].
The plastidic ATP/ADP antiporters belong to an ancient
protein family that is restricted to plants and obligate intracel-
lular bacterial parasites [45]. They were introduced into the
Archaeplastida at the stage of the protoalga, likely by horizon-
tal transfer via a Chlamydia or Rickettsia-like bacterium
[91,92]. Other plastidic transporters such as the folate trans-
porter AtFOLT1 [35] and the SAM transporter SAMT1 [38]
are members of the eukaryote-speciﬁc mitochondrial carrier
family, whereas another type of plastidic folate transporter
has likely evolved from a cyanobacterial or trypanosomal
ancestor [30]. Plastidic dicarboxylate translocators are most
closely related to bacterial di- and tricarboxlyate carriers that
do not have relatives in cyanobacteria [23]. It becomes clear
that the plastid envelope permeome has multiple evolutionary
origins, with relatively few proteins that can be traced back to
the cyanobacterial ancestor of the plastid. This is similar to
present-day mitochondria, in which the a-proteobacterial
ancestor of mitochondria contributed less than 20% of the
total proteome [93].8. Systems biology and transporters
Exiting novel technological developments will increase
throughput and decrease cost of genomic sequencing, thus
allowing for genomes to be sequenced not just from model
organisms but also from any source from which DNA can
be isolated. Using micro-fabricated high-density picoliter reac-
tors in combination with pyrosequencing, it is now possible to
generate >20 million sequence reads in 4.5 h, thus enabling the
sequencing a typical microbial 2 million bases genome within
days by a single operator [94]. This massive increase in DNA
sequence information will generate new understanding in fun-
damental aspects of biology and evolution. Higher-order data
analyses depend on increasing depth of the sequence space,
allowing to generate phylogenetic proﬁles (co-occurrence pro-
ﬁles across multiple species) [95] and logical relationships
[96,97], and to deduce information about genomic neighbor-
hoods [98]. In combination with other data sources, such as
transcriptome, metabolome, and protein interaction data, mul-
tiple associations can be generated that provide valuable clues
about protein function [99,100]. A higher-order goal would be
to deduce the metabolic network of a recently sequenced
organism from its genome sequence, i.e., ab initio metabolic
reconstruction. Naturally, this includes functional annotation
of gene products based on sequence homology. More impor-
tantly, however, this also addresses assigning functions to un-
known genes and this includes assigning genes to metabolic
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ﬁed yet (orphan metabolic activities) [101,102]. This will re-
quire close interaction of experimental biologists with
bioinformaticians, computational biologists, and mathemati-
cians.9. Conclusions
Chloroplast metabolite transporters have multiple evolu-
tionary origins, having evolved from transporter proteins of
the host endomembrane system, from members of the mito-
chondrial carrier family, or cyanobacterial ancestors. Some,
such as the NTTs, have been introduced by horizontal gene
transfer. Thus the transporter proteome of the plastid envelope
membrane has mosaic origin, genes encoding these proteins
have been recruited from multiple sources. The discovery of
non-canonical protein targeting to the plastid through the
endomembrane system and proteomics data showing dual-tar-
geting of proteins to multiple cellular destinations require a re-
assessment of the plastid transporter proteome, primarily by
deep proteomic analysis of envelope membranes from various
plastid subtypes and from all phyla of the photosynthetic
eukaryotes.
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